cranial window implants in head-fixed rodents are becoming a preparation of choice for stable optical access to large areas of the cortex over extended periods of time. Here we provide a highly detailed and reliable surgical protocol for a cranial window implantation procedure for chronic wide-field and cellular imaging in awake, head-fixed mice, which enables subsequent window removal and replacement in the weeks and months after the initial craniotomy. this protocol has facilitated awake, chronic imaging in adolescent and adult mice over several months from a large number of cortical brain regions; targeted virus and tracer injections from data obtained using prior awake functional mapping; and functionally targeted two-photon imaging across all cortical layers in awake mice using a microprism attachment to the cranial window. collectively, these procedures extend the reach of chronic imaging of cortical function and dysfunction in behaving animals.
IntroDuctIon
The current generation of optical imaging and optogenetic tools provides unprecedented brain access for selectively mapping and manipulating various microcircuit elements across cortical brain regions. As a result, these methods are growing in popularity for studying the relationship between neuronal activity and behavior in awake, behaving mice. However, it can often be difficult to focus light onto the mouse brain through the skull and to collect highresolution two-photon images over long periods of time (weeks to months), owing to light scattering caused by skull irregularities or regrowth [1] [2] [3] . In addition, skull-thinning methods can be limited to a small number of imaging sessions because of requirements for repeated skin closing and resection 4 . Consequently, glass cranial windows are currently the method of choice for studying the activity of neuronal populations over extended periods of time [5] [6] [7] [8] (but see Xu et al. 9 ). Yet the existence of standardized, detailed and versatile surgical protocols for chronic window implants geared to functional imaging in awake mice are scarce. In particular, it remains challenging to combine imaging with multiple procedures that require intermittent access to the brain.
Previous cranial window implantation methods have offered useful strategies for reducing brain motion during long-term imaging in anesthetized 6 or awake 5 mice, by applying a viscous substance between the brain and the cover glass to increase adhesion and/or pressure (agarose 6 or Kwik-Sil 5 ). Although these methods are effective, they make it difficult to subsequently remove and replace the cranial window without damaging the brain. The modified cranial window implant approach that we describe here enables the removal and replacement of the cranial window. This approach facilitated our previous chronic two-photon imaging studies in awake, adult mice [10] [11] [12] , for the following reasons. First, window implantation before subsequent removal for viral injection initially enabled highresolution intrinsic autofluorescence mapping of multiple visual areas in awake mice (providing high-resolution multi-areal maps with strong activation of higher visual areas). After functional mapping, removal of the window was crucial for targeting viral infection [10] [11] [12] of a genetically encoded calcium indicator (AAV2/1-GCaMP3) to a focal region within a small visual cortical area (e.g., GCaMP3 expression extending <300 µm within the borders of lateromedial cortical area LM, see Glickfeld et al. 12 ; see also ANTICIPATED RESULTS). Second, removal of the cranial window at or after the time of viral injection allowed removal of skull regrowth and/or thickened dura, thus providing enhanced clarity while extending the lifetime of imaging through the window. Third, removal of the cranial window enabled replacement with an assembly consisting of a 1-mm microprism coupled to a replacement cranial window at a precise location and orientation. This method facilitated functionally targeted two-photon calcium imaging across all cortical layers, simultaneously, in awake mice. Although cranial window removal and replacement has not been commonly used by other laboratories during chronic cortical imaging in awake mice, similar procedures are routinely used and highly valuable for chronic cortical imaging studies in primates 13 .
Here we provide detailed protocols developed and standardized in our laboratories for a set of related procedures to achieve longterm cortical imaging, together with interspersed and repeated surgical access to the brain. A flowchart of these surgical procedures and their estimated durations is provided in Figure 1 . These procedures have evolved to maximize experimental flexibility, consistency across surgeons and imaging success rates.
Comparison with previous cranial window protocols
A crucial first step for all procedures described above involves the initial chronic implantation of a large (5 mm) cranial window, which we have used in previous studies for imaging the posterior cortex of anesthetized 14, 15 or awake [10] [11] [12] 16 adult mice across several days to months, and for extending the reach of chronic Removable cranial windows for long-term imaging in awake mice imaging in awake mice to earlier ages overlapping the visual critical period 17 (Fig. 2) . This window implantation procedure (Steps 1-77) has some similarities to previous methods [4] [5] [6] [7] [8] , but it differs in several key aspects:
As discussed above, our initial window implantation (Steps 59-74) combines the previous ability to achieve high brain stability during awake imaging 5 with the capacity for subsequent removal and replacement of the cranial window. In our experience, moving the mouse to headpost clamps (Steps 40-47; as opposed to using ear bars throughout the surgery) is extremely useful for precise drilling and for decreasing the risk of brain insult during the craniotomy (Steps 48-58) , as the head is more stable than when drilling while the head is held with ear bars. It is also our subjective impression that this approach improves visibility during surgery, as the skull has been rotated such that the entire craniotomized region remains in focus. This can also facilitate subsequent functional imaging by ensuring that the cranial window is roughly co-planar with the headpost, which is particularly crucial when imaging through microprisms (Step 78C).
• • The protocol describes how to effectively combine the large headpost/window surgery with electroencephalography (EEG) recordings 16 (Steps 32-36). Several early steps in this initial implantation procedure contain extensive detail that we feel have increased our likelihood of maintaining long-term sterility (e.g., ) and stability (Steps 30 and 37-39) during chronic awake imaging, and these have minimized the risk of intrasurgical fatalities (Steps 1-18 and 75-77).
We then describe the procedure we have used for repeated removal of the cranial window ( Step 78A), the motivation for which is discussed above. This procedure facilitated several additional surgical procedures also contained in this protocol that we have used in previous studies (Fig. 1) . First, we show how to combine window removal and replacement with durotomy and/or bone growth removal ( Step 78B) in situations in which thickened dura or skull regrowth have compromised image quality, thus enabling prolonged optical access to the tissue beneath the window (local cleaning of skull regrowth and/or removal of the dura method was used in ~70% of mice included in two of our studies involving chronic imaging in awake mice 10, 12 ; see below for a previous example of chronic imaging before and after bone regrowth removal; see also Andermann et al. 11 ). Second, window removal and replacement have allowed precisely targeted delivery of viral vectors and 
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Figure 1 | Experimental paradigm and surgical procedures involved in chronic imaging in awake mice. Flowchart showing the sequence of events that may be encountered during chronic imaging in awake, behaving mice. Surgical procedures (solid blue boxes) are described in detail in this protocol (PROCEDURE). Numbers and approximate timings refer to corresponding steps in the PROCEDURE section. Asterisks indicate that neither prior handling of mice nor EEG implantation is essential. Note that the cranial window removal and replacement after initial imaging allows for several additional procedures that can extend the lifetime of the cranial window and allow flexible timing, increased brain stability and reduced surgery times as compared with performing these procedures immediately after the initial craniotomy. anatomical tracers to cortical areas that have previously been delineated using epifluorescence imaging in awake mice [10] [11] [12] (for specific examples of awake functional maps and subsequent targeting of viral injection of calcium indicators, see ANTICIPATED RESULTS and Andermann et al. 10 ). This procedure also improves the reliability of injections, as substantially less brain edema occurs after window removal as compared with that after initial craniotomy (our procedure for volume injections is described in the Supplementary Methods). Third, by replacing our cranial window with one that is glued to a precisely positioned microprism, we have achieved simultaneous, chronic, awake two-photon imaging of precisely targeted cortical columns 11 ( Step 78C).
The replaceable cranial window approach we have used is quite versatile, and it should also enable several additional procedures not previously described (and thus not covered in this protocol). For example, temporary replacement with a cranial window with a 120-1,000-µm hole at a targeted location allows pipette access for stable two-photon imaging of a nearby, pressurized cortical area during cell-attached recordings (A.M.K. and S. Chatterjee, unpublished data), and it allows application and washout of various drugs during simultaneous imaging in awake mouse cortex (G.J.G. and M.L.A., unpublished data).
Experimental design
Several general and specific considerations discussed below and throughout the protocol can facilitate surgical training and adaptation of the procedures described below. It is helpful to begin training on a window implantation surgery with as few additional challenging factors as possible. For example, it is useful to begin surgical training using healthy, young adult wild-type mice (postnatal day (P)45-P90) (e.g., C57BL/6)-in our experience, adolescent mice (e.g., P20-P35) have softer skulls and higher rates of skull growth, whereas older and/or overweight mice have thicker skulls, and they often respond more variably to anesthesia. It is also useful to begin by performing craniotomies on dorsal cortical regions that are distant from major sinuses and skull sutures (to avoid the risk of excessive bleeding). Once proficiency is achieved (which typically requires >2-4 weeks of daily practice), one can attempt more challenging adaptations (e.g., craniotomies in adolescent mice with more pliable skulls 17 ; Figure 2a,b) , or more lateral craniotomies (as used by Glickfeld et al. 12 ; Fig. 2c-i) . This protocol focuses on window implants optimized for posterior visual cortex. When adapting these methods to other cortical regions of varying surface curvature, medial/lateral position and proximity to sinuses, it will be useful to vary both the thickness and diameter of the cranial window (for further discussion, see Equipment Setup). Once appropriate parameters are determined, window clarity can be maintained for several weeks to months after the initial implantation, and after window removal or replacement (Fig. 2c-i and ANTICIPATED RESULTS).
Although it may be possible to image immediately after cranial window implantation or window replacement (see Andermann et al. 11 ), we find it useful to wait for at least 10 d after any surgical procedure before imaging, for several reasons. First, this allows the animal to recover from anesthesia and any long-lasting effects of drugs used, such as atropine and dexamethasone. Second, although we have not evaluated immune responses systematically across time, we do not find evidence of significant microglial or astroglial activation at several weeks to months after either a single window implantation or after window replacement (Supplementary Fig. 1 ; N = 4 mice; see also Holtmaat et al. 6 for additional discussion of potential immune responses after chronic window implantation).
Activity of many individual neurons and long-range axonal boutons can be recorded simultaneously across all cortical depths via insertion of a 1-mm reflective glass microprism 11 . Although qualitatively normal visually evoked responses in mouse primary visual cortex (V1) can be observed as soon as the day after prism insertion, image clarity continues to improve across weeks 11 . In our experience, installation of the initial cranial window (Steps 1-77) during a prior surgery preceding prism implantation is advantageous for several reasons. First, there is far less edema after window removal than during initial craniotomy, thus decreasing bleeding and increasing the precision of the insertion. Second, accurate functional targeting of prism location and angle of entry is possible. Third, separation of the craniotomy/headpost and microprism implantation surgeries may decrease the risk to animal health inherent in longer, combined surgeries. As discussed in Andermann et al. 11 and in ANTICIPATED RESULTS, a useful control when establishing the microprism implant is to compare neural activity in superficial layers after microprism implantation with activity patterns obtained through standard imaging methods from the superficial cortex. Similarly, insertion of the prism to image the same columns from different directions (in different mice) can provide insight into the effects of connections that may be severed for any given tangential angle of prism insertion (e.g., prism imaging face pointing medially or laterally). • Fig. 2a,c) . It is well suited for visual experiments, as the orientation of the bars provides a large unobstructed viewing angle. Before use in surgery, sterilize the headpost implant using a hot-bead sterilizer. For details on the custom headpost clamp that we use for securing the headpost, see Supplementary Figure 2 . As described below, the skull must be clean and dry ( Supplementary Fig. 3 ) for successful adhesion to the head plate. Imaging well Imaging wells are needed to form a stable water meniscus under the microscope objective and to aid in the attachment of light-blocking material during imaging. To make the wells, tightly glue two different-sized O rings together using cyanoacrylate ( Supplementary  Fig. 2a ). Once the adhesive has dried, store the imaging wells in benzalkonium chloride and rinse it with 70% (vol/vol) ethanol before use. EEG recording wires Stable EEG recordings are important for monitoring the mouse's global brain state. To prep the EEG wires for implantation, strip ~1 mm of the Teflon insulation from the ends of the EEG wires using a pair of iris forceps, and then bend the exposed portion of each wire at a 90° angle. Rinse the entire device with 70% (vol/vol) ethanol before use.
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Cranial windows
The cranial windows we use are designed to provide clear optical access to the brain, as well as to control brain motion. A schematic of cranial window construction is shown in Supplementary Figure 4 . The top portion is a single round cover glass (no. 1 thickness) whose outer margins extend beyond the lower portion (the part that rests on the brain) by 1-2 mm and rest on the skull. For the main procedure described in this paper-the headpost and 5-mm cranial window implant centered over lateral V1 (Steps 1-77)-all cranial windows implanted on the day of the craniotomy are composed of three layers of round, no. 1 cover glass. Choices of cranial window dimensions are dependent on the particular surgery, and they require consideration of the nature of the field of view (e.g., is it near a sinus? does it need to contain multiple regions of interest?), the curvature of the skull and brain surface at the imaging location (less curved regions require thinner cranial windows) and the thickness of the skull (which increases with age). Trial and error are usually required to determine proper window thickness (e.g., layers of cover glass glued together; see below). Insufficient pressure (e.g., using implants that do not extend and put pressure on the dura) usually results in dural thickening, skull regrowth and increased brain motion. By contrast, excessive pressure can impede cortical blood flow. For assembly, glue and cure additional layers of glass (one at a time) using optical adhesive and long-wavelength UV light (Supplementary Fig. 4c) , and then warm the fabricated window in an incubator at 50 °C for 12 h to help strengthen the adhesive bonding. Store the cranial window in 70% (vol/vol) ethanol at the start of surgery and rinse it with sterile saline before use. To avoid failure during or after the implantation, the cranial window must be screened for imperfections (such as incorrect amounts of optical adhesive or misalignment) under a stereoscope before use. If the amount of optical glue is spread too thinly, air spaces can form and cause optical aberrations or cover glass detachment during implantation. Conversely, too much optical adhesive will result in overflow past the edges of the cranial window, effectively creating a larger-diameter cranial window compared with the size of the craniotomy. This can be particularly problematic during cranial window replacements, as the skull tends to regrow and create a tight fit against the edges of the inner cover glasses of the initial cranial window (<100 µm tolerance). Fashioned cotton-tipped applicator Cut the end off of a cotton-tipped applicator and use sandpaper to thin down the sides of the wooden applicator, starting ~5 cm from the end that was just cut. This portion of the cotton-tipped applicator should be thinned down so that the applicator will begin to bow when excess pressure is used to hold the cranial window in place at the time of implantation, which will prevent the cranial window from breaking and compromising the surgery (Supplementary Fig. 5 ). Microprism assembly For microprism imaging (Step 78C), the microprism assembly consists of a microprism attached to the bottom of a cranial window (using optical adhesive; Supplementary Fig. 4d,e) . Once the imaging location and orientation in the brain has been determined (for details, see Andermann et al. 11 ), plan the final point of insertion of the microprism by creating a template for precise positioning and attachment of the microprism to the bottom of the cranial window. The procedures for creating this template and attaching the prism are described below and illustrated in Supplementary Figure 4f -m.
First, attach a digital camera to the surgical scope, and position it directly above the implanted cranial window with the objective perpendicular to the cranial window. By using digital illustration software (e.g., Adobe Illustrator), draw a circular template that is the same size as the current cranial window implant ( Supplementary Fig. 4f, left) . Next, load the image of the brain that was taken orthogonal to the window's surface and rescale it to fit inside the circular template. Next, zoom in on the image to determine where the incision will be made, and then draw a line that is the same size of the bottom edge of the prism ( Supplementary Fig. 4f , left). When selecting the line, be careful to avoid bisecting large cortical vasculature.
Next, print the image and tape it to the bottom of a glass microscope slide ( Supplementary Fig. 4g ). Apply a small drop of Kwik-Cast to the top of the slide (Supplementary Fig. 4h ), directly over the taped image, align a single cover glass concentrically with the image and allow the Kwik-Cast to cure (Supplementary Fig. 4i ). Use a fine-tipped applicator (i.e., broken cotton-tipped applicator) to apply a small drop of optical adhesive over the arrow on the template (Supplementary Fig. 4k ), and then position the microprism in place with a pair of ceramic-tipped forceps so that the imaging face is pointing in the same direction of the arrow (Supplementary Fig. 4l ). Finally, cure the prism to the cover glass using a high-intensity light curing system (Thorlabs; Supplementary Fig. 4m ). Carefully remove the cover glass assembly from the Kwik-Cast and clean it (by rinsing with methanol) if necessary; next, use optical glue and the light curing system to add this layer to a standard cranial window, as shown in Supplementary Figure 4e (bottom).
Handle the microprism-window implant carefully to avoid scratches, store it in 70% (vol/vol) ethanol at the start of surgery and rinse it with sterile saline before use. Custom stereotax setup For a detailed description of how to prepare the custom modifications to our Kopf stereotax in order to transfer between ear bars and headpost clamps in the same surgical plane, please see Supplementary Figure 2d-f and associated text. Other brands of stereotaxic equipment (e.g., Stoelting, Narishige) can be similarly adapted. Equipment setup for intracerebral injections Pull a custom micropipette from a 1.0-mm outer diameter (o.d.) glass capillary tube so that the length of the needle's taper (i.e. neck-to-tip) is >2 cm and the needle tip has a small o.d. (~1 µm). Break the needle tip using a fine pair of forceps and use a light microscope (equipped with a reticle) to confirm that the o.d. of the tip is 12.5-25 µm. While evaluating the o.d. under the microscope, check to make sure that the break is clean. Once the custom-pulled micropipette needle has been deemed acceptable for use, load it with the substance that is to be injected into the cortex using the Hamilton syringe priming kit. proceDure Headpost and cranial window implantation • tIMInG 2-4 h 1| Preoperative care. To prevent neural edema during or after the craniotomy, administer the anti-inflammatory synthetic glucocorticoid dexamethasone sodium phosphate i.m. (4.8 mg/kg, 4 mg/ml concentration) into the mouse's quadriceps, 4-8 h before surgery, with a short needle insulin syringe. ! cautIon All experiments using animals should be in accordance with all relevant institutional and governmental guidelines.
2|
Check the isoflurane and oxygen levels to make sure that there is enough for the entire duration of the surgery.
3|
Turn on the heating pad, LED and gooseneck lights for surgery.
4|
Anesthesia. Direct the airflow of the anesthesia system to the induction chamber and turn it on, and allow it to charge for 1 min at 3% (wt/vol) isoflurane in 100% oxygen (0.5-1 l/min).  crItIcal step As an alternative to Steps 4 and 5, animals can be preanesthetized with an i.p. injection of ketamine (100 mg/kg) and xylazine (15 mg/kg), which lasts longer than isoflurane (tens of minutes) and can facilitate placement of the mouse into the ear bars (see below).
5|
Place the mouse inside the induction chamber and allow the anesthetic to take effect. Thorough sedation typically occurs between 60 and 90 s, although this depends on the age and size of the mouse. Hallmark indicators include slower, steady breathing rates (~1 cycle per s) coupled with the absence of toe-pinch reflex; physical tests should be administered after the animal is positioned in the stereotax. ! cautIon Operations involving the use of isoflurane should be conducted in a well-ventilated area with active scavenging to prevent the accumulation of anesthetic vapors.
6|
Transferring the mouse from the induction chamber to the stereotax. Once the mouse is fully sedated, turn off the isoflurane and oxygen, and then use the flush valve to flush the induction chamber with oxygen to prevent inhalation of isoflurane by the experimenter.
7|
Re-direct the airflow of the anesthesia system to the stereotax.
8|
Carefully remove the mouse from the induction chamber, placing the mouse abdomen-down on the heating pad, which should be prewarmed and set to 37.5 ± 1 °C.
9|
Administer maintenance levels of anesthesia for the remainder of the surgery: 1.5% (wt/vol) isoflurane (range 0.9-1.8%) in 100% oxygen (0.5 l/min). Breathing should be regular and shallow. Sparse heaving or gasping (once every 3-4 s) is an indication that a lower isoflurane level is required or that the height of the base supporting the body needs to be adjusted to minimize strain on the diaphragm and neck. Conversely, irregular rapid breathing and/or a palpable response to the toe-pinch reflex indicates that the isoflurane level should be increased. Once the user has become proficient in monitoring the levels of anesthesia and postural adjustment, rates of successful recovery from surgical anesthesia should exceed 90%. If the rates remain low, consider using noninvasive blood pressure monitoring (and/or blood gas monitoring) to determine the anesthetic level (and body posture; see below) that ensures stable physiological parameters within the normal range throughout the surgery.
10|
Loading the mouse into the stereotax. With the mouse's abdomen still resting on the heating pad, use your dominant hand to gently hold the mouse's head, while using the index finger on your free hand to gently drop the lower jaw and expose the incisors.
11|
Insert the upper central incisors into the hole located on the inside base of the mouse anesthesia adapter of the stereotax (the nosecone shield must be retracted behind this hole).
12|
Once the incisors are in place, advance the nosecone over the snout (Fig. 3a) , but not so far that motion of the mouse's head is restricted, as this may hinder placement of the ear bars in the correct position. ? trouBlesHootInG 13| Ensure that the temperature probe remains properly positioned to measure body temperature accurately.
14|
Place the unfolded surgical gauze on the dorsal surface of the mouse's body for additional insulation (Fig. 3a) .
15|
Cover the eyes generously with Puralube ophthalmic ointment to prevent drying and cataract formation (Fig. 3a) .
16| Administer atropine i.p. (0.216 mg/kg atropine sulfate and 3.6 mg/kg sterile saline; ~0.1 cc of 10×-diluted atropine). Atropine is a competitive antagonist of muscarinic cholinergic receptors, and it helps prevent obstruction of the airways by acting on the parasympathetic nervous system to inhibit the salivary and mucus glands. Check the level of anesthesia and positioning of the mouse's body before continuing-the body should be positioned such that ear bars elevate the head by only a few millimeters with respect to the trunk. Excessive head elevation can impair breathing.
17|
Engaging the ear bars to secure the head. To secure the head of the mouse in the stereotax, position each nonpuncture ear bar in the external auditory meatus within the ear canal (Fig. 3a) .  crItIcal step It is important that ear bar placement be accurate and that the pressure applied be sufficient to prevent any movement, while preserving moderate intraocular pressure (to prevent cataract formation). Failure to ensure correct placement and pressure may result in respiratory problems, skull fracture and/or puncturing of the eardrum.
18|
Advance the nose cone cover over the snout so that it is ~2-3 mm past the tip of the nostrils. This step will push the whiskers toward the eyes of the mouse. To avoid cutting the whiskers (which represents an additional source of stress upon recovery), use Puralube to temporarily affix them to the snout (Fig. 3a) .
19|
Hair removal. Trim the hair on the scalp with a pair of fine scissors (Fig. 3b) .  crItIcal step Be careful not to pierce the skin.
20|
Apply a depilatory agent (e.g., Nair) and massage it into the mouse's scalp for a maximum of 30 s using a sterile cotton-tipped applicator (Fig. 3c) .
21|
Remove the depilatory agent using sterile cotton-tipped applicators. This should result in a hair-free area on the scalp that extends 1-3 mm beyond the perimeter of skin to be excised, ensuring asepsis by eliminating the presence of hair under any subsequent application of dental cement. Avoid application on the skin within 2 mm of the eyes. Alternatively, shaving may be acceptable if care is taken to avoid small cuts and to remove debris.
22| Scalp incision.
Remove any remaining hair using isopropyl alcohol swabs (Fig. 3d) , and apply Betadine solution using sterile cotton-tipped applicators (Fig. 3e) . Repeat this washing procedure three times, alternating between alcohol and Betadine, leaving the final application of Betadine on the skin (Fig. 3e) .
23| Hold a pair of no. 5/45 forceps in your nondominant hand and use them to lightly grasp ~2-3 mm of skin between the eyes. Carefully pull this skin forward until the epidermis over the medial aspect of the skull is pulled taut to allow for an easier and more precise incision. 24| Hold the scalpel handle attached to a sterile no. 10 blade in your dominant hand and start the incision at the midline, ~3 mm posterior to the eyes. The length of the incision should be ~12-15 mm long (Fig. 3f,g ).  crItIcal step When cutting in Steps 24 and 25, it is crucial to maintain a 1-2-mm strip of bare epidermis along the perimeter of the hairline to maintain asepsis (Fig. 3h,i ).
25|
To excise the epidermis from the scalp, continue holding the no. 5/45 forceps in your nondominant hand and use them to pull the skin taut at the top left side of the incision, using a pair of push scissors to excise the skin over the left hemisphere of the skull (Fig. 3g,h ). Use the same technique to remove the remaining skin on the right hemisphere (Fig. 3i) .  crItIcal step Take extra precaution when cutting near the eyes and ears to prevent disruption of normal skin tension and/or to avoid severing any nerves or blood vessels that are part of these sensory organs (as either of these outcomes could delay healing or cause a disruption of vision or hearing).
26| Use a pair of no. 5/45 forceps to remove any remaining periosteum. If this connective tissue has already dried to the surface of the skull, use a no. 10 scalpel blade to scrape it off.
27| Finish cleaning any remnants from the skull using sterile cotton-tipped applicators moistened with sterile saline.  crItIcal step Steps 26 and 27 will help ensure permanent adhesion of the headpost to the skull. This procedure requires that the mouse skull be secured properly in the ear bars to prevent skull movement during cleaning.
28|
Marking the center coordinates of the craniotomy. Measure the desired coordinates with a pair of calipers and use a scalpel blade to lightly mark each axis. The points at which these lines intersect will designate the center of the craniotomy (supplementary Fig. 3a) . Please note that the steps that we describe below involve a 5-mm cranial window implant in the left hemisphere, centered over mouse primary visual cortex (V1). The center coordinates we use for this particular cranial window implant are 3.10 mm lateral to lambda, and 1.64 mm anterior to the lambdoid suture.
29|
With a pneumatic dental drill, use a FG¼ dental carbide to lightly etch this point for better visibility, which is necessary for accurate headpost placement (supplementary Fig. 3a ).
30|
Retraction of lateral muscles. Use a pair of no. 5/45 forceps (with the tips closed together) to tease away the lateral muscles connected to the temporal suture (supplementary Fig. 3b) . Gently insert the closed tips directly at the point where the muscle attaches to the suture connecting the temporal and parietal plates, beginning ~2-3 mm behind the eye.
Once an initial separation of bone and muscle has been achieved, gently run the closed tips of the forceps in the posterior direction-separating the muscle from the skull until the temporal and parietal plates meet the lambdoid suture. Next, use Vetbond to fix the retracted muscle in place to maintain a low profile (Fig. 4a) . This step should result in the exposure of ~2-3 mm of the temporal plate.  crItIcal step
Step 30 is essential for a well-centered headpost implant with respect to the desired coordinates of the craniotomy (in this case, lateral V1). Muscle retraction will also increase the surface area of exposed bone tissue that will be available as a contact point for C&B Metabond, thus ensuring structural integrity of the implant.  crItIcal step Be extremely cautious when working near muscles and connective tissue located near the lateral edge of the lambdoid suture (where it meets the temporal and parietal plates) to avoid damage to the superficial auditory nerves. As muscle is retracted closer to the posterior regions, there is a higher likelihood of bleeding owing to the underlying vasculature. If bleeding does occur, irrigate the affected area with sterile saline, and apply gel foam if bleeding persists.
31| Tracing the craniotomy. Use a pair of Castroviejo surgical calipers set to the radius of the craniotomy to place one of the two teeth in the center coordinate that was etched in
Step 29, and use the other tooth to trace the circumference of the craniotomy using a surgical skin marker (Fig. 4a) .
32| Implanting EEG wires. Secure the EEG mounting holder to a movable stage (see Equipment Setup and supplementary Fig. 6a ).  crItIcal step Implanting wires for the EEG (Steps 32-36) can be useful for long-term monitoring of brain states, but it is not recommended during initial training on basic cranial window implantation methods.
33|
Use an FG¼ dental carbide to drill small holes in the locations where the EEG wires are to be implanted (note that the active and reference electrodes are positioned in one hemisphere, whereas the ground is anterior to bregma in the opposite hemisphere; supplementary Fig. 6b ).
34|
Load the EEG into the mounting holder (supplementary Fig. 6a ) and position the wires in close proximity to the surface of the skull. Next, carefully position each wire over its respective implant site (Step 33); the tips of the wires should be bent at 90° (see Equipment Setup) and positioned to rest flat on the skull directly adjacent to their respective implant site (supplementary Fig. 6c ).
 crItIcal step
Step 34 is designed to enable proper placement of the wires onto the surface of the dura (supplementary Fig. 6 ). Move each of the wires into its implant site (supplementary Fig. 6d ) and secure it in place using a small amount of Vetbond or cyanoacrylate (supplementary Fig. 6e) . Ensure that the glue has fully hardened before implanting the next wire.
35| Repeat
Step 34 to finish implanting the other two wires of the EEG.
36|
Once all of the wires have been implanted, carefully remove the EEG port from its holder and position of the wire leads well outside of the range of the craniotomy (supplementary Fig. 6f ). If necessary, use Vetbond to secure the wires in place and to prevent movement during the headpost implantation (Steps 37-39).  crItIcal step Substantial clearance of the wires from the craniotomy is necessary to prevent damage, because subsequent steps involve drilling in this area.
37|
Installing the titanium headpost. Clean the skull of any dried blood or debris using sterile cotton-tipped applicators moistened with sterile saline.
38|
Position the headpost over the center of the craniotomy so that it rests roughly in the same plane as that of the cranial window implant. The headpost should make solid contact with two locations on the skull. Once the headpost is correctly positioned, add two small drops of cyanoacrylate to secure an initial attachment to the skull. Apply light pressure until the cyanoacrylate has completely dried ( Fig. 4b and supplementary Fig. 6f ).  crItIcal step For more lateral headpost implants, varying degrees of medial head tilt are required in order for the headpost to be co-planar with the cranial window implant (which simplifies chronic imaging). In addition, the ipsilateral ear bar may interfere with placement of the headpost. If this occurs, loosen the ipsilateral ear bar and retract it slightly from the external auditory meatus. Next, carefully rotate the skull toward the contralateral side (so that the center coordinate of the craniotomy is facing upward) and advance the ear bar back into place to support the skull.  crItIcal step Ensure that the repositioned ear bar is not applying pressure below the mandible to avoid obstruction of breathing. 39| After the headpost has been secured in place, apply a generous amount of C&B Metabond to the outside perimeter, covering any exposed bone to ensure a complete seal with headpost, thus minimizing the chance of leakage when imaging using water-immersion objectives (Fig. 4c) . Allow the C&B Metabond to fully harden before proceeding.  pause poInt In some cases, it may be useful to recover the mouse, in which case headpost habituation and subsequent awake transcranial intrinsic imaging (after full recovery from surgery) can provide delineation of cortical brain regions (i.e., for subsequent targeted implants or injections). In this case, the exposed skull inside the headpost should be protected with Kwik-Cast, and postoperative recovery steps should be followed (Steps 75-77). Before subsequent surgery, Steps 1-16 and 18 should be repeated.
40|
Placing the mouse into the headpost clamps. Disengage the ear bars from contact with the mouse's head and slightly retract the nose cone shield in order to allow elevation or depression of the mouse's head so that it can be safely secured in the headpost clamps (see Equipment Setup).  crItIcal step Steps 40-47 improve stability during drilling and ensure that the craniotomy region is co-planar with the microscope plane of focus, and that the window implant can be made roughly co-planar with the headpost (facilitating functional imaging; e.g., in
Step 78C).
41|
Place the headpost clamps into the clamping forks on the breadboards that have been secured to the base of the stereotax (see Equipment Setup) and position them near the arms of the headpost. Then secure the clamping fork using an M6 cap screw.
42|
Place one arm of the headpost into the secured headpost clamp, keeping the mouse's incisors in the holes of the nose cone (the secured headpost clamp may need to be repositioned to keep the incisors in place). Before tightening the screw on the Altos clamp, make sure that the arm of the headpost is resting flush with the bottom jaw of the clamp (supplementary Fig. 2f ).  crItIcal step If the headpost clamps are not properly aligned, excessive torque may be applied to the headpost and can result in dislocation from the skull.
43|
Tighten the screw on the Altos clamp to secure the headpost.
44|
Position the second headpost clamp over the free arm of the headpost and secure the clamping fork. Finish securing the headpost by tightening the screw on the Altos clamp. supplementary Figure 2b illustrates the mouse supported in the headpost clamps after the cement has dried. ? trouBlesHootInG 45| Once both arms of the headpost have been clamped, advance the nose-cone shield over the snout. Note that the mouse's nose will now be slightly elevated and rotated about the body, which will probably prevent the nose-cone shield from fully advancing over the snout (supplementary Fig. 2b) . ? trouBlesHootInG 46| Adjust the height of the base supporting the body to correct for any height differences of the head that may have resulted from transferring the mouse from the ear bars to the headpost clamps.
47|
Monitor the level of anesthesia to ensure that it is sufficient before continuing with Step 48.
48| Etching the craniotomy.
Use an FG¼ carbide to lightly etch the circumference of the craniotomy that was traced in
Step 31 (Fig. 4a) . ! cautIon When drilling the craniotomy, be careful to avoid drilling the same area for more than 2 s to prevent overheating due to friction (which may cause bleeding underneath the skull). ! cautIon Be careful not to drill too deep in Step 48; the goal is to create a physical boundary that can be used in the following steps that involve thinning the skull.
49|
Take the cranial window (Equipment Setup) out of 70% (vol/vol) ethanol and allow it to dry on the sterile surgical drape, and then place the window above the skull and verify the precision of the circle etched in Step 48. Make any necessary adjustments in the template so that the cranial window will fit snugly inside the subsequent craniotomy.
50|
After the template has been completed, use the top layer of the cranial window to determine whether any C&B Metabond needs to be drilled away from the margins outside of the craniotomy to ensure direct, consistent contact with this part of the cranial window on top of the skull, and then place the window back into 70% (vol/vol) ethanol.  crItIcal step Handle the cranial window with care to avoid scratching it.
51|
Drill away excess C&B Metabond in these areas using an FG4 carbide; stop drilling once the skull is exposed (Fig. 5) . ! cautIon If the headpost has been implanted at a very lateral location on the skull, it will be necessary to drill away a larger volume of C&B Metabond above the temporal aspect of the skull. This will probably also involve drilling through muscle tissue (Fig. 5b) that was previously secured with Vetbond (Step 30). ? trouBlesHootInG 52| Clear the skull of any debris by using the air gun on the dental delivery system. Wipe away any remaining debris using sterile cotton-tipped applicators moistened with sterile saline.
53| Thinning the skull. Thin down the skull around the outside perimeter of the craniotomy using an FG4 carbide (Fig. 5c) . The main goal to be accomplished with thinning down the skull is to create a thin, yet homogenous, level plane for the uppermost layer of the cranial window to rest on.  crItIcal step When thinning the skull, irrigate with sterile saline intermittently to prevent overheating of the superficial brain mater. The thinned skull should not have any breaks in it owing to excessive drilling. Once this step is complete, the skull should then be slightly pliable when soaked in sterile saline, yet rigid when the bone tissue is dry.  crItIcal step Thinning the skull may result in bleeding underneath the skull because of overheating. To avoid this, do not allow the drill bit to remain in one spot for more than 2 s while thinning. It is important to note that there is vasculature embedded in the skull itself, as thinning the bone tissue is likely to result in occasional spurts of skull bleeding. When this occurs, stop drilling and irrigate with sterile saline. ? trouBlesHootInG 54| Once thinning has been completed, irrigate the skull with sterile saline, using sterile surgical sponges to soak up the fluid. The craniotomy is etched using an FG¼; carbide drill bit (left, unmarked; right, blue), and excess C&B Metabond is drilled away using an FG4 carbide (left, unmarked; right, gray) to expose the skull surrounding the craniotomy (Step 50). Previously exposed muscle tissue that was secured using Vetbond (Step 30) may become visible (red arrows). (c) The skull is cleared of debris and the craniotomy perimeter is thinned using an FG4 carbide, which involves intermittent irrigation with saline to avoid overheating of the underlying brain (Steps 52-54).
Craniotomy drilling is then completed using an EF4 carbide (Step 55).
55|
Complete drilling of the craniotomy using an EF4 carbide drill bit ( Fig. 5c ; note: EF4 provides more precision than FG¼). Stop drilling periodically to irrigate the skull with sterile saline. While drilling, small cracks between the bone flap and the surrounding skull will begin to separate and become slightly moistened by cerebrospinal fluid, giving the bone tissue a wet appearance. This is a hallmark indicator of having successfully drilled through the skull.  crItIcal step Be careful to not pierce through the bone and dura when performing the craniotomy.  crItIcal step If any portion of the craniotomy rests over a sinus, drill over these areas with extreme caution. ? trouBlesHootInG 56| Submerge the skull in sterile saline and gently probe the circular, nondrilled region of the skull within the craniotomy (bone flap) to confirm that this region is completely separated from the surrounding skull. If any solid connections between the bone flap and the surrounding skull remain, use a Bonn microprobe to loosen or break any connections. If more drilling is required, soak up the sterile saline and complete drilling until the bone flap is loose around the entire craniotomy, and then resubmerge it in saline.
57|
Remove the bone flap with a pair of no. 5/45 forceps (Fig. 6a) .  crItIcal step Craniotomies larger than 3 mm have an increased risk of damaging the brain upon removal of the bone flap. In these instances, a cantilever-like downward motion of the bone flap at the opposite end of the craniotomy can be prevented using a Bonn microprobe.
? trouBlesHootInG 58| Irrigate the exposed brain with sterile saline. If bleeding occurs and is difficult to stop, apply gel foam and continue to irrigate. Once the bleeding has ceased, keep the brain submerged in sterile saline (Fig. 6a, left) . ? trouBlesHootInG 59| Implanting the cranial window. Load and secure the fashioned cotton-tipped applicator into the stereotax micromanipulator (Fig. 6b , see also Equipment Setup; supplementary Fig. 5 ).
60|
Remove the cranial window from the 70% (vol/vol) ethanol bath and allow it to dry on the sterile drape.
61| Use a pair of no. 5/45 forceps to hold the cranial window and add a few drops of sterile saline to the top layer; this will disrupt the surface tension of the saline and allow the cranial window to sink below the surface. Once the cranial window is fully submerged, use no. 5/45 forceps to position it over the craniotomy.
62|
Position the micromanipulator so that the fashioned cotton-tipped applicator is above the cranial window as it rests on the dura (which remains submerged in sterile saline).  crItIcal step Depending on the working distance of the objective being used, the tilt and/or height of the stereoscope may need to be adjusted in order to position the micromanipulator arm vertically over the center of the cranial window. 63| Tighten the screw lock of the micromanipulator to disable rotational movement in the horizontal plane.
64|
Manually lower the fashioned cotton-tipped applicator using the dorsal/ventral arm until it is resting directly on top of the cranial window.  crItIcal step Little to no pressure should be applied at this point.
65|
If necessary, use no. 5/45 forceps to make any fine adjustments in the position of the cranial window so that the bottom cover glass in the window assembly will fit correctly in the craniotomy.
? trouBlesHootInG 66| Carefully lower the stereotaxic arm until the fashioned cotton-tipped applicator begins to bow slightly. If the skull has been properly thinned (Steps 53 and 54), the saline-soaked bone tissue will become slightly pliable and bend downward as the cotton-tipped applicator continues to increase the amount of pressure being applied to the surface of the cranial window (Fig. 6b) .  crItIcal step Stop applying pressure when the cotton-tipped applicator begins to bow (supplementary Fig. 5b) , or if cortical blood flow is obstructed.
? trouBlesHootInG 67| Soak up the sterile saline using sterile surgical sponges.
68|
Use sterile Kimwipes to remove any fluid beneath the top layer of the cranial window (the portion resting on the surface of the skull; Fig. 6c ).  crItIcal step Ensure that no fluid is removed from beneath the portion of the cranial window that is resting on the surface of the brain. ? trouBlesHootInG
69|
Once the inside of the well is dry, apply a small amount of Vetbond to create an initial seal between the top layer of the cranial window and the skull (Fig. 7a) .  crItIcal step Vetbond has a very low viscosity and tends to clog the applicators used to apply it. Check to make sure that the spout of the applicator is not clogged to avoid accidental overflow above the top layer of the cranial window. Do not allow Vetbond to spread over the top surface of the cranial window. As a further precaution, small drops of Vetbond can be applied to a sterile surface and dabbed onto the sides of the cranial window using a sterile, pick-shaped applicator.
? trouBlesHootInG 70| Absorb any excess Vetbond using a sterile Kimwipe.
71|
Apply C&B Metabond over any exposed skull and the portion of the cranial window that is resting on the skull (being careful to prevent any obstruction of visibility of the brain surface). Allow the C&B Metabond to fully cure before continuing to
Step 72 (Fig. 7b) .
72|
Raise the vertical arm to lift the fashioned cotton-tipped applicator away from the surface of the cranial window.
73| Use cyanoacrylate to glue the imaging well (see Equipment Setup) to the surface of the titanium headpost.
74|
Apply black dental cement to the inside and outside of the imaging well and to all regions of C&B Metabond for light-blocking purposes (see Reagent Setup; Fig. 7c ). Ensure that additional dental cement does not rise appreciably above the cranial window margins to avoid damage to short-working-distance (e.g., 2 mm) imaging objectives.
75|
Postoperative care. At the end of the surgery, but before discontinuing anesthetic, administer analgesia (inject 0.50 mg/kg meloxicam, an NSAID, s.c.; alternative NSAIDs to meloxicam may be used, such as carprofen). Wait for 10 min.
76| Discontinue anesthesia and allow the animal to wake up. The mouse should be kept on the heating pad until it is ambulant.
77|
Administer prophylactic antibiotics (cefazolin, 500 mg/kg injection, i.m.; and sulfatrim, 1:32 in H 2 O) and allow the animal to recover. ! cautIon All animal experiments must be performed in accordance with the guidelines and regulations held by the institution at which they are conducted.
applications involving removal and replacement of the cranial window 78| As described in the flowchart in Figure 1 , at a later date after the initial window implantation, performing the following optional component procedures can enable various extensions of the initial cranial implant. Procedures for cranial window removal (option A, required for subsequent options) and additional procedures before subsequent replacement of the chronic cranial window allow for cleaning of the imaging area, including durotomy/bone growth removal (option B); functionally targeted intracerebral injection (supplementary Methods); and microprism implantation for deep imaging across cortical layers (option C). An example of bone regrowth that will impair two-photon imaging in vivo is described in (Fig. 8d) . If the drill bit is kept completely orthogonal to the transverse plane, the cement can be drilled away without cracking the window. (vi) Use an FG4 drill bit to drill away the dental cement directly surrounding the cranial window, and then clear the headpost well of any debris caused by drilling (i.e., by irrigation with sterile saline). This should result in exposure of the underlying skull (Fig. 8e) . (vii) With a pair of no. 5/45 forceps in one hand, close the tips together and gently place them on top of the cranial window, and use an FG4 drill bit to drill away the portion of the cranial window that is resting on the surface of the skull (Fig. 8e) . Continue to hold the forceps in place to prevent the center portion of the window from being ejected out of the craniotomy. If it is done cautiously, the center portion of the window should remain snug in the craniotomy, with no brain insult or bleeding (Fig. 8e) .  crItIcal step If the cranial window's center portion (or 'plug') is not kept within the craniotomy upon completion of this step, two problems will probably occur. First, debris resulting from drilling will stick to the dura, which may irritate the brain and/or lead to infection and/or decreased optical clarity. Second, thinning down the skull surrounding the perimeter of the craniotomy (Step 78A(viii)) will result in an inward expansion of bone tissue and, in turn, a slightly smaller craniotomy (as the plug was not in place to resist this inward expansion of the bone). If the Excess Vetbond is wicked away using a sterile Kimwipe (Steps 69 and 70). (b) C&B Metabond is applied to all areas inside of the headpost, including any exposed skull, as well as to the portion of the cranial window resting on the skull (white arrows;
Step 71). (c) The C&B Metabond has fully hardened and the fashioned cottontipped applicator is retracted (Step 72). The imaging well has been glued to the top of the headpost (black arrows) using cyanoacrylate. For imaging during visual stimulus presentation, the imaging well and C&B Metabond is coated with a low-profile layer of black dental acrylic for lightblocking purposes (gray arrows; Steps 73 and 74).
latter occurs, the new cranial window will not fit into the craniotomy and the surgery will have to be terminated. It is plausible that success may otherwise be achieved by not thinning down the skull, and instead replacing the current cranial window with a new window containing an extra inner cover glass for added thickness. This has been less fruitful of an approach, as drilling away the top layer of the cranial window often results in slight drilling into the skull, and thus inward expansion of bone tissue.
? trouBlesHootInG (viii) Uniformly thin down the underlying skull as described in Steps 53 and 54 (Fig. 8e) so that adequate pressure can be applied when the new cranial window is implanted. This step is necessary in order to ensure that the skull surrounding the craniotomy is as thin as it was after the original craniotomy (Steps 53-56), despite subsequent increases in thickness owing to Vetbond and C&B Metabond application (Steps 69 and 71) and skull regrowth and thickening during aging. (ix) Irrigate the inside of the headpost well using sterile saline to remove any debris. (x) Fill the inside of the headpost well with sterile saline, and carefully remove the remainder of the cranial window from the inside of the craniotomy using a pair of no. 5/45 forceps. Step 78A(vi)). The white arrow points to the edge (white circular outline, 5 mm diameter) of the portion of the window resting on the brain. The orange arrow indicates the edge of the top layer of cover glass (8-mm-diameter orange circle), whose outer 1.5-mm annulus is resting on the skull; note that all dental cement has been cleared from the top surface of this outer annulus. (e) Image of the cranial window as the outer annulus of the top cover glass is being drilled away using an FG4 carbide and a pair of no. 5/45 forceps. This procedure allows the inner glass 'plug' to temporarily remain in place, thus maintaining the integrity and cleanliness of the craniotomy (Step 78A(vii)). The white arrow indicates the edge (white outline) of the inner plug, and the orange arrow and line outline the remaining perimeter of the top cover glass; note that the white C&B Metabond in d (previously beneath the top cover glass annulus) has been drilled away, and the underlying skull has been adequately and evenly thinned (Step 78A(viii)).
(f) Image of the brain after the well has been cleared of debris from drilling (Step 78A(ix)), followed by removal of the cranial window plug (Step 78A(x)). The white arrow indicates a Bonn microprobe being used to pierce through the dura and pry the bone growth (dashed black line) from the surface of the brain (Step 78B(ii)). (g) An image of the brain after removal of the bone growth and most of the dura. The white arrow indicates the dura as it is being removed by gentle circumferential tugging near the craniotomy margin (Step 78B(i)). The black arrow indicates the transverse sinus, and the water drop (bottom right corner) indicates that the brain is submerged in sterile saline. (h) Image of the brain after the cleaning procedure (durotomy and bone-growth removal) has been performed, and a new 5-mm cranial window has been implanted (Step 78B(v)). Scale bars, 1 mm.
(ix) Remove the microprism assembly from the 70% (vol/vol) ethanol and allow it to dry, and then grip the assembly from above using suction (i.e., using the blunted cannula attached to a vacuum line). (x) Position the microprism assembly above the gel foam that is covering the incision. (xi) Remove the gel foam from above the incision; if bleeding occurs, irrigate with sterile saline and re-apply the gel foam until bleeding subsides. Then adjust the rotational alignment of the microprism assembly so that the bottom edge of the microprism is in line with the incision. (xii) Lower the microprism assembly and digitally zero its position when the lower edge first contacts the brain.
? trouBlesHootInG (xiii) Insert the microprism assembly into the brain, lowering the vertical arm of the stereotax slowly until the top layer of the cranial window is resting on the surface of the skull. The implant should be lowered slightly (~100-200 µm) beyond the length of the microprism to ensure adequate pressure of the cranial window on the brain surface (as previously described). (xiv) If possible, advance the microprism assembly slightly (~200-400 µm) so that the imaging face can apply more pressure to the brain mater directly in front of it.  crItIcal step Failure to achieve an adequate amount of pressure between the imaging face and the brain mater in front of it may result in the accumulation of blood and/or dural growth, either of which will obstruct imaging through the microprism. (xv) Soak up the sterile saline using sterile surgical sponges. (xvi) Use sterile Kimwipes to remove any fluid beneath the annulus of the top layer of the microprism assembly (the portion resting on the surface of the skull).  crItIcal step Ensure that no fluid is removed from beneath the portion of the microprism assembly that is resting on the surface of the brain. (xvii) Once the inside of the well is dry, apply a small amount of Vetbond to create an initial seal between the microprism assembly and the skull.  crItIcal step Vetbond has a very low viscosity and tends to clog the applicators used to apply it. Check to make sure that the applicator is not clogged to avoid excess application. Do not allow Vetbond to be applied to the top surface of the cranial window. (xviii) Absorb any excess Vetbond using a sterile cotton-tipped applicator. (xix) Apply C&B Metabond over any exposed skull and the portion of the microprism assembly that is resting on the skull (being careful to prevent any obstruction of visibility of the brain surface). Allow the C&B Metabond to fully cure before continuing to Step 78C(xx). (xx) Turn the vacuum line off, and then raise the vertical arm to lift the cannula away from the surface of the microprism assembly. (xxi) Apply black dental cement to the inside and outside of the imaging well; make sure to cover all regions of C&B Metabond for light-blocking purposes (see Equipment Setup). Ensure that additional dental cement does not rise appreciably above the cranial window margins to avoid damage to short working distance (~2 mm) imaging objectives. (xxii) Repeat Steps 75-77 for postoperative care.
? trouBlesHootInG Troubleshooting advice can be found in table 1. The headpost detaches from the skull when the Altos clamps are tightened
There is a rotational difference between the two headpost clamps • tIMInG For approximate durations of each procedure, see Figure 1 . Note that although accuracy and adherence to the protocol and sterility should always be favored relative to speed (particularly when long-term brain health is paramount), surgery times will often decrease substantially with practice.
Steps 1-77, headpost and cranial window implantation: 2-4 h
Step 78, applications involving removal and replacement of the cranial window: variable; generally 45-120 min
antIcIpateD results
The ability to separate these procedures into multiple, distinct surgeries over time helps ensure optimal cranial window optical clarity, high success rates and increased accuracy of functionally targeted injections. With sufficient practice, a careful surgeon can achieve success rates upward of 80-90%. Similarly high success rates can be achieved for window removal/replacement and associated procedures, including functionally targeted focal cortical injections and/or insertion of a chronic microprism. After these procedures, we consistently found neural response properties in mouse primary visual cortex to be in the normal range (see refs. 10-12,16 for details). Below we describe some typical applications that outline the current and future value of these methods, and factors to consider when interpreting results. Figure 9 illustrates the window implantation and removal procedures described above, in an application to targeted two-photon calcium imaging of long-range axonal boutons. After initial window implantation, we use wide-field intrinsic autofluorescence imaging in awake mice to identify visual cortical areas, as illustrated in Figure 9a ,b (65 d after initial implantation; adapted from Glickfeld et al. 12 ). We then remove the cranial window for targeted AAV-GCaMP3 calcium expression to within a cortical area (67 d after initial implantation). We verified that GCaMP3 expression was restricted within a single visual cortical area (12 d after AAV-GCaMP3 injection) by confirming that wide-field GCaMP3 imaging of visually evoked responses did not show mirror reversals of the retinotopic map (Fig. 9c-d) . Subsequently, two-photon calcium imaging was performed from long-range axonal boutons of the infected neurons, imaged in a downstream cortical area ( Fig. 9e-g The above example highlights the utility of sustained window clarity both before and after removal or replacement of the cranial window. Figure 2d -i provides a second example of sustained window clarity at 4 months after initial window implantation, as well as 2 months after window subsequent window removal or replacement. Two additional examples of 5-month timelines of window clarity and GCaMP3 expression, from initial implantation through window removal or replacement and AAV-GCaMP3 injection, are shown in Figure 10 .
The protocols described above also facilitate targeted insertion of a microprism into the cortex for long-term functional imaging. We could routinely record the same large set of cell bodies across all cortical layers across days and weeks in awake mice using calcium imaging through a microprism 11 (Fig. 11a) . This method allows both epifluorescence and two-photon calcium imaging across all six cortical layers using a standard two-photon microscope (Fig. 11b) . When imaging in primary visual cortex, neurons in all layers were driven by visual stimuli, allowing the generation of visual response tuning maps throughout a cortical column ( Fig. 11c; 21 d after microprism insertion) . Visual response tuning of the same neurons imaged through the prism was stable across days ( Fig.11d; 21 and 23 d after prism implantation) .
Because in vivo functional imaging of individual axons and synaptic boutons has been restricted to superficial depths in the cortex 12, 20 (~0-150 µm deep), we previously asked whether the use of a microprism could enable monitoring of long-range axonal activity deep within the cortex (Fig. 11e) . As in Figure 9 , we made a small injection of AAV-GCaMP3 into area V1, and inserted the prism into the posteromedial secondary visual cortical area (PM), an area densely innervated by V1 axons, with the prism oriented to face area V1. We observed robust single-trial visual responses of individual boutons at depths of 480-510 µm below the cortical surface (putative layer 5) during presentation of stimuli at multiple temporal frequencies and spatial frequencies at 1 d after implantation (Fig. 11f) . Thus, this method extends in vivo functional imaging of axonal arbors 12, 20 to arbors that innervate deeper cortical layers. Further, the study of long-range projection axons via a microprism represents a less invasive application of this method with fewer caveats than for imaging of cell bodies near the prism face: although damage to long-range axonal boutons near the prism face cannot be ruled out (see below), these boutons report the activity of neurons whose dendrites are safely located millimeters from the prism implant.
In the future, chronic two-photon imaging through a microprism may also be combined with voltage-sensitive indicators to monitor the flow of information through a cortical column in real-time. As discussed in detail elsewhere 11 , the chronic insertion of a 1-mm microprism into the cortex clearly is accompanied by damage to local neural processes and to the neurovascular unit. Care must be taken in interpreting neural data and validating results against known benchmarks 11 . Vascular remodeling immediately adjacent to the prism face can also occur over the course of weeks (see Andermann et al. 11 ) and it should be considered if studying neurovascular processes. Our protocol is designed to minimize cortical damage, in part by performing the procedure after window removal (i.e., with substantially less baseline cortical edema than when performed together with a craniotomy), by carefully limiting the extent of incision before prism insertion, and by positioning the prism and incision to avoid major blood vessels. Nevertheless, lasting changes in glial cells were limited to <100 µm from the prism face (see Andermann et al. 11 ), and visual response properties of the same neurons imaged before and several days after prism insertion remained largely unchanged (see Andermann et al. 11 ).
It is important to note that, after both standard craniotomies and prism insertions, some surgeries can result in window implants with residual patches of blood above the brain (e.g., Fig. 7c ; blood patches may also accrue at the prism imaging face). In these cases (but not in the case of intracortical bruising due to excessive drilling), clarity will typically improve substantially as blood is absorbed over the span of days to weeks (see Andermann et al. 11 ), enabling high-resolution two-photon imaging. Despite the fact that our cranial window is composed of multiple coverslips, subcellular spatial resolution is routinely achieved, as demonstrated by our ability to image neural activity of individual putative long-range axonal boutons in superficial cortical layers 12 (Fig. 9) and in deeper layers via a microprism 11 (Fig. 11) .
concluding remarks
We have outlined a detailed set of versatile protocols that use removable chronic cranial window implants for imaging in the posterior cortex of awake, behaving mice. In the future, these methods can probably be modified for imaging in more lateral (Fig. 2d-i) or anterior cortical regions. In addition, temporary replacement with a cranial window with a 120-1,000-µm hole at a targeted location should enable pipette access for stable two-photon imaging of a nearby, pressurized cortical area during cell-attached recordings (A.M.K. and S. Chatterjee, unpublished data), and application and washout of various drugs during simultaneous imaging in awake mouse cortex (G.J.G. and M.L.A., unpublished data). We look forward to working with other groups to further develop and standardize surgical procedures for use in mice, as well as in other model systems, such as rats, carnivores and nonhuman primates. Such collaboration is key to effectively assessing results across a growing number of laboratories using chronic imaging to understand cortical structure, function and plasticity. 
